The geochemistry of hot springs and the availability of oxidants capable of supporting microbial metabolisms are influenced by subsurface processes including the separation of hydrothermal fluids into vapor and liquid phases. Here, we characterized the influence of geochemical variation and oxidant availability on the abundance, composition, and activity of hydrogen (H 2 )-dependent chemoautotrophs along the outflow channels of two-paired hot springs in Yellowstone National Park. The hydrothermal fluid at Roadside East (RSE; 82.4°C, pH 3.0) is acidic due to vapor-phase input while the fluid at Roadside West (RSW; 68.1°C, pH 7.0) is circumneutral due to liquid-phase input. Most chemotrophic communities exhibited net rates of H 2 oxidation, consistent with H 2 support of primary productivity, with one chemotrophic community exhibiting a net rate of H 2 production. Abundant H 2 -oxidizing chemoautotrophs were supported by reduction in oxygen, elemental sulfur, sulfate, and nitrate in RSW and oxygen and ferric iron in RSE; O 2 utilizing hydrogenotrophs increased in abundance down both outflow channels. Sequencing of 16S rRNA transcripts or genes from native sediments and dilution series incubations, respectively, suggests that members of the archaeal orders Sulfolobales, Desulfurococcales, and Thermoproteales are likely responsible for H 2 oxidation in RSE, whereas members of the bacterial order Thermoflexales and the archaeal order Thermoproteales are likely responsible for H 2 oxidation in RSW. These observations suggest that subsurface processes strongly influence spring chemistry and oxidant availability, which in turn select for unique assemblages of H 2 oxidizing microorganisms. Therefore, these data point to the role of oxidant availability in shaping the ecology and evolution of hydrogenotrophic organisms.
| INTRODUC TI ON
Primary production in environments with temperatures exceeding 73°C is driven by inorganic sources of chemical energy (Boyd, Fecteau, Havig, Shock, & Peters, 2012; Boyd, Hamilton, Spear, Lavin, & Peters, 2010; Brock, 1967; Cox, Shock, & Havig, 2011; Hamilton, Vogl, Bryant, Boyd, & Peters, 2012 (Amend & Shock, 2001; Shock et al., 2010) . Among these, the oxidation of H 2 generally releases the most energy regardless of whether it is coupled with reduction in oxygen (O 2 ), nitrate (NO ) (Shock et al., 2010; Spear, Walker, McCollom, & Pace, 2005) . This observation, when combined with the abundance of archaeal and bacterial 16S
rRNA genes with affiliation to known H 2 oxidizing taxa in spring sediments and elevated concentrations of H 2 in spring waters, led to the hypothesis that primary production in high-temperature hot springs in Yellowstone National Park (YNP) is driven by H 2 oxidation (Spear et al., 2005) . Further, it was suggested that the availability of oxidants, rather than the availability of H 2 , is likely to dictate the distribution and ecology of hydrogenotrophs in high-temperature hot spring environments where H 2 is detectable (Shock et al., 2010; Spear et al., 2005) .
The availability and abundance of oxidants in hot springs are dependent on processes that take place deep in the subsurface, as well as those that take place near the surface of these springs. The current model for the development of hot springs in YNP begins with injection of magmatic gases into a deeply seated hydrothermal aquifer(s) hosting fluids that have previously undergone and will continue to undergo water-rock reactions (Fournier, White, & Truesdell, 1976; Hurwitz & Lowenstern, 2014; Rye & Truesdell, 1993; Truesdell, Nathenson, & Rye, 1977; White, Muffler, & Truesdell, 1971) . As this hydrothermal water ascends and infiltrates through the crust, it is subsequently altered by processes such as water-rock interaction, boiling, and mixing with near-surface groundwater (Lowenstern, Bergfeld, Evans, & Hurwitz, 2012; ). Of particular, importance to the generation of variation in hot spring geochemistry is subsurface boiling and resultant separation of subsurface fluid into a liquid phase and a vapor phase, the latter of which is thought to be enriched in H 2 S relative to the liquid phase (Fournier, 1989; Nordstrom et al., 2009 ). 3 ) (Fournier, 1989; Nordstrom, Ball, & McCleskey, 2004 (Nordstrom, Ball, & McCleskey, 2005) . Thus, hot springs with vapor-phase-influenced source waters often have a low pH (<3.5) and tend to be enriched in SO 2− 4 while hot springs with liquid-phase-dominated source water tend to have a lower concentration of SO 2− 4 and are circumneutral to alkaline in pH (>6.5) (Amenabar, Urschel, & Boyd, 2015) . Protons generated from H 2 S/S 0 oxidation in vapor-phase-impacted environments can also contribute to the release of metals from altered host rock, including ferrous iron (Fe 2+ ) that can then be oxidized by thermophilic microorganisms leading to formation of soluble ferric iron (Fe
3+
) ions and Fe 3+ containing solid phases (Inskeep et al., 2005; Kozubal et al., 2012) . Thus, vapor-phase-influenced hot spring environments can also be enriched in both Fe 2+ and Fe 3+ (as soluble and solid phases) when compared to liquid-phase-dominated hot spring environments (Ball, McCleskey, & Nordstrom, 2010 ).
The availability of oxidants can also vary spatially within a given spring. For example, the biologically mediated oxidation of H 2 S/HS − could potentially be responsible for the decrease in H 2 S/ HS − in spring outflow channels (Cox et al., 2011; D'Imperio et al., 2008; Nordstrom et al., 2004) . Alternatively, the volatilization of H 2 S [pKa = 6.4 at 100°C (Amend & Shock, 2001) ] can decrease the concentration of dissolved H 2 S/HS − in acidic spring waters as they flow away from their sources , as H 2 S is the primary source for these compounds in hot springs (Nordstrom et al., 2004) . In contrast, the decrease in the temperature of hydrothermal waters along an outflow channel allows for higher dissolved O 2 concentrations as O 2 solubility increases with decreasing temperature (Shock et al., 2010 , as O 2 is one of the few compounds with a redox potential that is positive enough to oxidize reduced forms of these compounds (Amend & Shock, 2001) .
In this study, we hypothesized that geochemical variation and differences in the availability of oxidants resulting from subsurface boiling and phase separation, subsurface water-rock interactions, as well as surface degassing/ingassing exert strong controls on rates of H 2 transformation and the abundance and composition of microbial communities. As H 2 oxidizing populations are often autotrophic (Boyd, Schut, Adams, & Peters, 2014; Greening et al., 2016; Vignais, Billoud, & Meyer, 2001 ), we also hypothesized that variations in oxidant availability would influence the productivity of chemosynthetic communities that were dependent on H 2 .
These interrelated hypotheses were examined in two springs in YNP that are separated by ~20 m and that represent examples of localized vapor-phase-and liquid-phase-influenced hot springs, Roadside East Spring (RSE; pH 3) and Roadside West Spring (RSW; pH 7), respectively. Here, we present an integrated analysis of aqueous-, gas-, and solid-phase geochemical data; microbial activity and cultivation-based data; and quantitative RNA-based molecular data from samples spanning the outflow channels of RSE and RSW. The results provide new insights into the influence of subsurface processes on the geochemistry and availability of oxidants as well as their role in dictating the distribution and ecology of hydrogenotrophic and chemo(auto)trophic populations in hightemperature ecosystems.
| MATERIAL S AND ME THODS

| Description of sample sites and sample collection
The two springs selected for this study are in the Nymph Lake , and K + were determined on separate Dionex DX-600 ion chromatography systems employing suppressed-conductivity detection. The anion system includes a potassium hydroxide eluent generator, carbonate removal device, and AG/AS11-HC columns. The anion system was equilibrated at 1 mM hydroxide for 6 min prior to injection, after which it remained at 1 mM for the first 6 min. The hydroxide concentration was then increased nonlinearly to 51 mM from 6 to 37 min, followed by a linear increase to 55 mM from 37 to 45 min, after which it was returned to 1 mM. (Ball, McCleskey, Nordstrom, & Holloway, 2006; McCleskey et al., 2014) .
| Physical and chemical measurements
DIC analyses were performed on filtered (0.2 μm) water samples stored in 40-ml amber vials that had been soaked in 10% nitric acid, rinsed with deionized water, and allowed to dry under laminar flow. The vials were capped with butyl rubber septa and stored at 4°C until processing. Analyses were completed using an OI Wet Oxidation TOC analyzer coupled to a Thermo Delta Plus Advantage mass spectrometer as previously described (Havig, Raymond, MeyerDombard, Zolotova, & Shock, 2011) . DIC in each sample was converted to CO 2 by addition of phosphoric acid. The ion chromatogram for the CO 2 molecular ion (44 m/z) was used for quantification of CO 2 by comparison with calibration curves constructed with sodium bicarbonate standards encompassing expected concentrations.
Samples for determining concentrations of dissolved gases (H 2 , CO 2 , and CH 4 ) were collected using the bubble strip method, as described by Chapelle, Vroblesky, Woodward, and Lovley (1997) ; Spear et al. (2005) . Briefly, spring water was pumped at a flow rate of 100 ml/min through a 250-ml glass bottle bubble stripping device using a 12 V portable peristaltic pump and insulated, H 2 -impermeable polyethylene tubing. A 20 ml "bubble" of ultrahigh purity N 2 gas was introduced into the water-filled bottle, and pumping was continued for an additional 20 min to allow for gas equilibration. Following equilibration, the 20 ml bubble was collected with an air-tight syringe and transferred to a butyl rubber stoppered 24-ml serum bottle containing a 25% w/v NaCl solution. The gas was collected by displacement of the NaCl solution. A small volume (~4 ml) of NaCl was allowed to remain in the serum bottle, and the bottle was inverted for storage until analysis via gas chromatography. Three replicate gas samples were collected from each sampling site in each spring.
At the laboratory, 5 ml of gas was injected into a SRI 8610C gas chromatograph with an injector temperature of 61°C and an oven temperature of 41°C (SRI instruments, Torrance, CA). Gases were separated on a 4.5 m × 0.125″ OD Hayesep DB 100/120 packed column (Valco Instrument Company Inc., Houston, TX). H 2 was measured on a pulsed discharge helium ionization detector (PDHID) at a temperature of 100°C. CO 2 was measured on a thermal conductivity detector (TCD) at a temperature of 105°C while CH 4 was measured on a flame ionization detector (FID) at a temperature of 156°C.
Helium was used as a carrier gas for all analyses. Gas concentrations were calculated using a standard curve (1 to 10,000 ppm calibration range) generated daily using certified (±5%) standards (American Gas Group, Toledo, OH). Gas phase concentrations were converted to dissolved aqueous phase concentrations according to Henry's law, as previously described (Spear et al., 2005) .
| X-ray diffraction
X-ray diffraction (XRD) analyses were carried out with a Rigaku Rapid II X-ray diffraction system with a 2-D image plate (Mo Kα radiation). Resultant 2-D patterns were converted to 1-D X-ray powder diffraction patterns using Rigaku's 2DP program. The samples were analyzed using reflection mode to detect noncrystalline silica phases.
| RNA extraction and cDNA synthesis
Triplicate subsamples of sediment were collected at each sample location using a sterilized spatula. Roughly, 250 mg of sediment was placed in 2-ml cryotubes containing 500 μl of RNALater (SigmaAldrich, St. Louis, MO) and the tubes and their contents were immediately frozen on dry ice for transport back to the laboratory. The sediment samples were stored at −80°C until further processed.
The FastRNA Pro Soil-Direct kit (MP Biomedicals, Irvine, CA) was used to extract RNA according to our previously published protocols (Hamilton, Peters, Skidmore, & Boyd, 2013) with the following adjustment: The phenol-chloroform reagent was heated to 60°C prior to use. RNA extracts were treated with 2 units of DNAse (SigmaAldrich, St. Louis, MO) at room temperature (~21°C) for 10 min.
Following DNAse treatment, the extract was checked for residual DNA by subjecting 1 ng of extract to 35 cycles of PCR using "universal" 16S rRNA gene primers (505F/806R) following methods previously described (Hamilton et al., 2013 
| PCR, qPCR, and sequencing
cDNA was subjected to amplification of archaeal, bacterial, and eukaryal small subunit rRNA gene transcripts using primers: 344F/915R
(archaeal 16S rRNA; annealing temperature of 61°C), 1100F/1492R
(bacterial 16S rRNA amplicons; annealing temperature of 55°C), or A7F/570R (eukaryal 18S rRNA amplicons; annealing temperature of 42°C), as previously described (Hamilton et al., 2013) . Reactions were set up in a final volume of 50 μl, in proportions as previously described (Hamilton et al., 2013) . A master mix solution was added to approximately 1 ng of cDNA, and reactions were subjected to the following cycling conditions in a Mastercycler Nexus gradient thermocycler (Eppendorf, Hamburg, Germany): initial denaturing at 95°C for 5 min followed by 35 cycles of 95°C for 1 min, annealing at specified temperature for 1 min, and extension at 72°C for 1.5 min, with a final extension step at 72°C for 10 min. Positive control reactions were performed using 1 ng of plasmid DNA containing inserts corresponding to amplified regions of 16S rRNA genes. Amplicons used to generate plasmid standards were constructed with the primers and PCR protocols specified above using DNA from a high-temperature hot spring environment in YNP (Hamilton et al., 2013) .
Quantitative PCR (qPCR) of 16S and 18S rRNA gene transcripts was performed using the same primers and concentrations described above and the SsoAdvanced Universal SYBR Green Supermix (BioRad Laboratories, Hercules, CA, USA) in a final reaction volume of 20 μl. Roughly, 1 ng of cDNA from each sample was subjected to the following reaction cycling conditions in a CFX Connect Real-Time system (Bio-Rad): an initial denaturing at 98°C for 0.5 min, followed by 35 cycles at 98°C for 0.5 min, annealing and elongation for 1 min, and eventually a melt curve of 65-95°C in 5 s/step 0.5°C step increments. Plasmid standards for use in relating template copy number to threshold amplification signals were prepared as described previously (Boyd et al., 2011) , and all standard curves were generated over five orders of magnitude from 5. (Hamilton et al., 2013) , after merging the paired reads.
Merging was only conducted for bacterial and eukaryal reads; archaeal reads were not merged due to poor overlap owing to amplicon length. Briefly, primers and adapters were removed from raw sequences and trimmed based on a Phred quality score of >25. The remaining sequences were trimmed to a minimum length of 250 bases for bacterial and eukaryal sequences, and 200 bases for archaeal sequences. All sequences were subjected to a filtering step using the quality scores file to remove sequences with anomalous base calls. Unique sequences were aligned using domain-specific SILVA databases (Quast et al., 2013) , and sequences were trimmed using defined start and end sites based on inclusion of 75% of the total sequences; sequences that started before or after these defined positions were removed without further consideration. The resultant unique sequences were preclustered to remove amplification and sequencing errors, and chimeras were identified and removed using UCHIME (Edgar, Haas, Clemente, Quince, & Knight, 2011) . Operational taxonomic units (OTUs) were assigned at a sequence similarity of >97% using the nearest-neighbor method. The remaining sequences were randomly subsampled to normalize the total number of sequences in each library. Collectively, these steps resulted in a normalized size of 3,922, 21,802, and 1,023 SSU cDNA sequences for each archaeal, bacterial, and eukaryal library, respectively. Rarefaction curves were used to compute the percent coverage of the predicted taxonomic richness for each library. Sequences specific for each OTU were classified using the Bayesian classifier (Wang, Garrity, Tiedje, & Cole, 2007) 
| Dissolved inorganic carbon assimilation assays
Rates of dissolved inorganic carbon (DIC) assimilation were assessed using a microcosm-based approach, as previously described (Boyd, Leavitt, & Geesey, 2009; Boyd et al., 2012) . In the case of RSE, sediments (~100 mg) were added to sterile 24-ml serum bottles, capped with a butyl rubber stopper, and purged with N 2 for ~5 min in the field. In the case of RSW, a slurry was created with spring water and flocculent mat material and 1 ml of this slurry was added to sterile 24-ml serum bottles that were then sealed and purged with N 2 for ~5 min. Ten milliliters of spring water sampled from each location was added to each microcosm assay, and the gas phase of each microcosm was equalized to atmospheric pressure using a sterile needle and syringe. Eight replicate microcosms were set up for each site, with four replicates being wrapped in aluminum foil to exclude light.
The microcosm assays were initiated by injection of 10.0 μCi of [ 14 C] sodium bicarbonate (NaH 14 CO 3 ) to each serum bottle to achieve a final concentration of 20 μM NaH 14 CO 3 . All microcosms were placed in a sealed bag (secondary containment) and were incubated in the outflow channel at each sampling site for 60 min. Assays were terminated in the field by freezing on dry ice and were stored at −20°C until processed.
In the laboratory, sealed microcosm assays were thawed at room temperature for approximately 1 hr and were acidified to a pH of <2 by injection of 1.0 ml of 1 N hydrochloric acid into the microcosm to volatize unreacted DIC. After acidification, the microcosms were unsealed and allowed to degas in a fume hood for an additional 2 hr, with frequent manual stirring. Microcosm contents were filtered onto preweighed white 0.22 μm polycarbonate membranes, washed with 5 ml of sterile deionized water, and dried overnight at 80°C. For RSE assays, dried filters and contents were weighed after drying to facilitate normalization of DIC assimilation rates to grams dry mass (gdm). For RSW assays, separate samples of each inoculum were dried and weighed to determine the gdm of sediment added to each assay. Dried filters were placed in scintillation vials and overlain with 10 ml of CytoScint ES liquid scintilliation fluid. The radioactivity measured in counts per minute (CPM) associated with each of the samples was measured on a Beckman LS 6,500 liquid scintillation counter (Beckman Coulter, Inc., Indianapolis, IN) and converted to disintegrations per minute (DPM) using a quench curve. 14 C DPMs for DIC (RSW) or CO 2 (RSE) assays were converted to rates of uptake as previously described (Urschel, Kubo, Hoehler, Peters, & Boyd, 2015) using measured values of total DIC or dissolved CO 2 , respectively. Dissolved CO 2 was used in place of DIC in RSE due to the rapid loss of DIC in acidic springs resulting from sample collection and filtration. The average and standard error of the mean of four replicate assimilation assays at each site are presented.
| Hydrogen transformation assays
Rates of net hydrogen (H 2 ) transformation were quantified using a microcosm-based approach. Triplicate microcosms were prepared in presterilized capped (butyl rubber stoppers) 70-ml serum bottles that had been purged with N 2 for ~5 min. Thirty-one and a half milliliters of spring water sampled directly from each site was added to each serum bottle using a sterile syringe and needle, and 3.5 ml of a sediment and spring water slurry was added (total liquid plus sediment volume of 35 ml). Triplicate killed controls were prepared in the same manner and were amended with glutaraldehyde to a final concentration of 1% v/v and HgCl 2 to a final concentration of 500 μM. Microcosm headspaces were amended with H 2 to a final concentration of 100 ppm, and bottles were inverted (to prevent loss of H 2 ) and incubated in the spring at each site for 1 hr. Following incubation, 10 ml of the headspace of each microcosm was sampled for determination of the concentration of H 2 . The 10 ml gas sample was collected in a serum bottle containing 25% NaCl by positive displacement as described above. The concentration of H 2 in a 5 ml subsample of gas was determined via gas chromatography, as described above. The average and standard error of triplicate biological assay headspace gas concentration determinations minus control assay (killed) headspace gas concentration determinations are presented.
| Dilution to extinction cultivation assays
Single tube dilution to extinction cultivation assays was used to estimate the number of viable autotrophic cells associated with hot spring sediments that are capable of coupling H 2 oxidation to the reduction of a suite of electron acceptors. Cultivation medium for
water (Boyd et al., 2007) . The pH of the medium was adjusted to the pH measured at each of the sampling sites using dilute HCl. Ten milliliters of medium was dispensed into 20-ml Hungate tubes and sealed with butyl rubber stoppers with the exception of assays with S 0 . In this case, assays were left open during autoclaving and sterile S 0 (sterilized by baking at 100°C for 24 hr) was then added to a final concentration of 5 g/L, followed by closure with sterile butyl rubber stoppers. All other assay tubes were sealed prior to autoclave sterilization.
Filter-sterilized and anaerobic Wolfe's vitamins and SL-10 trace elements were added to all vials to a final concentration of 1 ml/L. Assays were conducted on a select subsample of the sites. Assays were inoculated with 1 ml of a sediment and spring water slurry from each sampling site at RSE and from sites RSW1 and RSW3
( Figure 1 ). This initial culture slurry was then immediately used to inoculate a dilution series that spanned a range from 10 −1 to 10 −8 .
Each dilution series was incubated in the laboratory at a temperature corresponding to the temperature measured at the site from where the specific sediment slurry was sampled. Following 8 weeks of incubation, activities and/or cell numbers were determined for each condition at each site. Activities that were measured included the production of total S 2− (reduction of SO 2− 4 or S 0 ) as determined via the methylene blue reduction method (Fogo & Popowsky, 1949) and the production of Fe 2+ (reduction of Fe
3+
) as determined using the ferrozine assay (Stookey, 1970) in both inoculated assays as well as controls. Cell counts (used to evaluate all assays including O 2 and NO − 3 amendments) were conducted by subsampling 1 ml of each assay and incubating with SYBR gold nucleic acid gel stain (Life Technologies) at a final concentration of 1:4,000 (vol/vol). After incubating in the dark at room temperature with periodic mixing for 30 min, samples were filtered onto 0.2-μm black polycarbonate membranes and cells were counted using fluorescent microscopy.
Dilutions that contained more than three orders of magnitude more cells than uninoculated controls were considered to have been inoculated with at least one viable cell capable of H 2 oxidation. Estimates of the number of H 2 oxidizing cells in the initial slurries were calculated using this assumption and were normalized to gdm in the original inoculum.
One milliliter from the most dilute positive assay from each dilution series was transferred into 10 ml of fresh culture media, prepared as described above. Cultures were incubated for 3 weeks, and growth was monitored via cell counting as described above.
This transfer protocol was conducted a second time, and DNA was extracted from the final transferred enrichments following 3-week incubation using a modified phenol-chloroform extraction as previously described (Amenabar, Colman, Poudel, Roden, & Boyd, 2018) . PCR amplicons for bacterial or archaeal-specific 16S rRNA genes were generated and sequenced using the same protocols for the sediment SSU cDNA amplicons as described above. Sequence data for these enrichment assays are deposited in the NCBI short reads archive under accession number PRJNA430279.
| RE SULTS
| Geochemistry
Concentrations of Cl − and SO 2− 4 from RSE and RSW were used to categorize these springs using a previously reported classification scheme (Supporting information Figure S1 , Supporting information Table S1 ) /Cl − ratio) and to a lesser extent by subsurface vapor-phase fluids ). The δD (‰) and δ 18 O (‰) of waters sampled from both springs plot along a best fit line with a slope of close to 3 (Supporting information Figure S2 ), the same value reported for heated (near-boiling) surface evaporation occurring under nonequilibrium conditions (Craig, Gordon, & Horibe, 1963; Giggenbach, 1978; Nordstrom et al., 2009 Supporting information Figure S2 ). Based on these geochemical data, RSE and RSW waters represent examples of springs that are influenced by phase separation, with vapor-phase fluids mixing with precipitation-derived waters (groundwater) in RSE and with liquidphase fluids primarily sourcing RSW. Importantly, these springs are separated by only ~20 m, which may indicate that boiling, phase separation, and mixing with groundwater takes place in the near subsurface of these springs (Nordstrom et al., 2005) .
Sampling locations at RSE and RSW span ranges of temperatures (RSE 42.7°C to 82.4°C; RSW 44.1°C to 68.1°C) while the pH values of the two springs were nearly constant, 2.9-3.0 (RSE) and 7.0-7.2 (RSW) (Figure 2a and b, Supporting information Table S1 ). Nonlinear F I G U R E 2 Water temperature, pH, and specific conductance at sampling locations along the outflow channels of RSE (a) and RSW (b). Concentrations of chloride (Cl Table S1 ).
The increase in the concentration of Cl − down the outflow channel of these two springs is interpreted to result from evaporative concentration, which is corroborated by similar changes in concentration of other conservative tracers such as Na + , which increased by 8.3% in RSE and 4.0% in RSW. Likewise, the conservative tracer K + concentrations increased by 8.5% in RSE and 3.5% in RSW (Figure 2c and d; Supporting information Table S1 ) and the δ 18 O of hot spring waters decreased by 8.3% in RSE and 5.3% in RSW, while the slope of the δD as a function of δ 18 O remained at 3 (Supporting information Table S1 , Supporting information Figure S2 ).
The concentration of SO 2− 4 , after being normalized to account for evaporative concentrating effects, did not change significantly down the outflow channel of RSE but increased down the outflow channel of RSW by 6.7% (Figure 2e and f; Supporting information Table S2 ). In contrast, the concentration of HS − /H 2 S decreased down the outflow channels of both RSE and RSW by 95.3% and 38.6%, respectively. Table S2 ).
The concentrations of CH 4 , H 2 , and CO 2 in all measured spring waters at RSE and RSW were supersaturated with respect to atmospheric conditions. Concentrations of CO 2 and CH 4 were higher in source waters from RSW than in RSE, whereas H 2 was higher in RSE than in RSW. Source waters for each spring (RSE1 and RSW1) had the highest concentrations of dissolved CH 4 , H 2 , and CO 2 with concentrations decreasing down the outflow channels of both springs (Figure 2g and h, Supporting information Table S3 ). A majority of the gas was removed from the water down the entire length of each outflow channel, with concentrations of CH 4 , H 2 , and CO 2 in RSE decreasing by 90.6%, 99.3%, and 95.9%, respectively, and in RSW by 65.5%, 72.6%, and 75.8% (Figure 2g and h, Supporting information Table S2 ). Increases in the concentrations of dissolved H 2 were measured at the most downstream location at RSW (i.e., RSW4), likely due to H 2 production by photosynthetic or fermentative cells.
This hypothesis is supported by the presence of putative phototrophic and fermentative taxa in the RSW4 community, as described below. Overall, the concentration of dissolved CO 2 was higher than the concentrations of dissolved H 2 or CH 4 at all sampling locations in both springs.
| Mineralogy
XRD analysis indicated that the assemblages of minerals present in sediments sampled along the outflow channels of RSE and RSW were similar, primarily consisting of quartz, alkali feldspar, tridymite, alunite, and kaolinite (Supporting information Table S4 ). While sediments lining the outflow channel of RSE visibly contained iron (hydr) oxides (Figure 1a) , minerals containing ferric iron were not detected by XRD indicating that these minerals comprised <3% of the total mass of the sediments. Similarly, while sediments sampled from the source of RSW looked to be comprised of flocculent S 0 (Figure 1b) , this mineral was not detected by XRD.
| DIC and dissolved CO 2 assimilation
Assimilation of DIC was detected in sediment-associated communities at all sampling locations in RSW and RSE (Figure 3 , Supporting information Table S5 ). While the difference in rates of DIC assimilation in light and dark assays for RSE locations 1 to 4 and for RSW locations 1 to 3 was minimal and generally not significantly different among these sampling locations, rates of DIC assimilation in light incubations significantly exceeded those incubated in the dark by two orders of magnitude at RSE5 and RSW4, both of which comprised communities that included abundant phototrophs (discussed below).
Rates of DIC uptake in sediment communities sampled from RSE and RSW and that were incubated in the dark differed, and varied at different sites along the outflow channels of each spring. Rates of DIC uptake in sediment communities sampled along the outflow channel of RSW were greater than those along the outflow channel of RSE. The rates of DIC uptake in sediment communities sampled from RSE1 and RSW1, when incubated in the dark, were greater than that those measured in the downstream locations RSE3 and RSW2, respectively.
| H 2 transformation
Rates of net H 2 transformation in sediments sampled from RSE and RSW differed and varied at different sites along the outflow channels of each spring (Figure 4 , Supporting information 
| Abundance of SSU rRNA gene transcripts
The total abundance of SSU rRNA gene transcript templates (archaeal, bacterial, and eukaryal combined), as determined via qPCRs conducted on cDNA, was greater in RSW than RSE ( Figure 5 ). The abundance of archaeal 16S rRNA gene transcripts was similar in RSW and RSE;
however, the abundance of bacterial 16S rRNA gene transcripts was 3 to 7 orders of magnitude greater at all sampling locations in RSW than RSE. Thus, active sediment communities in RSE are dominated by Archaea while those in RSW are dominated by Bacteria. In both RSW and RSE, the abundance of SSU rRNA gene transcripts, when considered together, increased down the outflow channels, with the highest copy numbers for each spring found at the lowest temperature sites: RSE5 (1.2 × 10 8 ± 2.3 × 10 7 transcripts/gdm) and RSW4 (2.3 × 10 11 ± 8.8 × 10 10 transcripts/gdm), which are both within the pH/temperature/sulfide realm allowing for photosynthesis (Supporting information Figure S3 ). As discussed below, these sites harbor bacterial and eukaryal populations inferred to be capable of photosynthesis, and both sites exhibited higher rates of DIC assimilation when incubated in the light when compared to the dark (Figure 3) , observations that are consistent with assimilation of DIC using light-energy.
| Sediment community taxonomic diversity and composition
| Archaea
Archaeal 16S rRNA gene transcripts were detected in sediments sampled from all locations at RSE and RSW. A total of 3922 sequences were recovered from each individual site along each outflow channel with varying predicted coverage and diversity (Supporting information Table S6 ). The composition and structure of archaeal communities shifted down the outflow channels of both RSE and RSW ( Figure 6 ). The most abundant archaeal 16S rRNA gene transcript OTU in the RSE communities (maximum 73% of total sequences at RSE1, and found in smaller percentages in the other RSE sites) exhibited 100% sequence identity to the thermophilic, chemoautotrophic crenarchaeote Metallosphaera yellowstonensis MK1 within the order Sulfolobales ( Figure 6 ) (Kozubal, Dlakic, Macur, & Inskeep, 2011 ).
The next most abundant OTU within the RSE communities (maximum 72% of total sequences at RSE4, and large percentages of 53% and 57% at RSE3 and RSE5, respectively) exhibited 84% sequence identity to the hyperthermophilic and chemoorganotrophic crenarchaeote Desulfurococcus mucosus DSM2162 (Wirth et al., 2011) and 99% sequence identity with YNPFFA108, an uncultured archaeal clone from YNP thermal soil (accession number AF391993) (Kozubal et al., 2008) .
F I G U R E 3
Dissolved inorganic carbon (DIC) uptake in sediment-associated microbial communities sampled along the outflow channels of select RSE and RSW sampling locations. The temperature of each site is indicated F I G U R E 4 Rates of net H 2 transformation in sedimentassociated microbial communities in selected sites along the RSE and RSW hot spring outflow channels. Positive numbers indicate net rates of H 2 production, whereas negative numbers indicate net rates of H 2 consumption. The values of H 2 transformation represent the differences between triplicate biotic and abiotic controls
The most abundant archaeal 16S rRNA gene transcript OTU in the RSW communities (maximum 78% of total sequences at site RSW2, and found in significant percentages at all four sites of RSW) exhibited 82% sequence identity to the hyperthermophilic heterotrophic crenarchaeon Thermofilum sp. 1807-2 (Anderson et al., 2008; Toshchakov et al., 2015) within the class Thermoprotei ( Figure 6 ). This OTU also exhibited 98% sequence identity to the uncultured archaeal clone AK8 recovered from Bor Khlueng hot spring in Thailand (accession number AY555814) (Kanokratana, Chanapan, Pootanakit, & Eurwilaichitr, 2004) .
Another OTU in these communities (maximum 37% of total sequences in the RSW4 community, and found in RSW3 at 3% of total sequences) exhibited 83% sequence identity to the thaumarchaeote Candidatus Nitrososphaera sp. N89-12 within the order Nitrososphaerales (Stieglmeier et al., 2014) and also exhibited 99% sequence identity to the uncultured archaeal clone OPA-GC16SrRNA-145 recovered from a terrestrial hydrothermal ecosystem [accession number KF836708]. An additional OTU in these communities (maximum 29% of total sequences in the RSW1 community) exhibited 100% sequence identity with Pyrobaculum strain WP30, a putative heterotroph recovered from a sulfur-rich
Yellowstone hot spring [accession number CP012158; (Jay et al., 2015) ].
| Bacteria
Sediments collected from site RSE5 and all sampling locations at RSW yielded bacterial 16S rRNA gene transcripts of sufficient quantity for sequencing. From the sites that yielded amplicons of sufficient abundance, a total of 38,696 sequences were sampled (Supporting information Table S6 ). The composition and structure of bacterial communities shifted down the outflow channels of RSW ( Figure 6 ).
The most abundant bacterial 16S rRNA gene transcript OTU in RSW communities (maximum 72.9% of total sequences at site RSW3) exhibited 91% sequence identity to the thermophilic and heterotrophic microaerophile Thermoflexus hugenholtzii (Dodsworth et al., 2014) within the order Chloroflexi ( Figure 6 ).
The next most abundant OTU in these communities (56% total sequences at site RSW4) exhibited 93% sequence identity to the cyanobacterium Cyanothece sp. PCC7425 within the order Chroococcales (Bandyopaghyay et al., 2011) . Sequences most closely affiliated (100% sequence identity) with the arsenite oxidizing bacterium Pseudomonas arsenicoxydans within the order Pseudomonadales (Campos et al., 2010) represented 34%, 17%, and 1% of total sequences in RSW1, RSW2, and RSW3, respectively. In the RSE5 community, the most abundant OTU (29% of total sequences) exhibited 99% sequence identity to the facultative anaerobe Streptococcus pneumoniae 4V4 (Glover, Hollingshead, & Briles, 2008; Martin et al., 2007) . Another abundant OTU in RSE5
at 12% of total sequences, respectively, exhibited 100% sequence identity to the peptidoglycan-degrading bacteria Delftia lacustris strain R-547334 within the order Burkholderiales (Jorgensen, Brandt, Nybroe, & Hansen, 2009 ).
| Eukarya
Sites RSE5 and RSW4 yielded eukaryal 18S rRNA gene transcripts of sufficient abundance for sequencing, with a total of 8,554 eukaryal sequences obtained from these sites (Figure 6 , Supporting information Table S6 ). The most abundant eukaryal 18S rRNA transcript OTU in both RSE5 and RSW4 communities (77% and 35% of total sequences, respectively) exhibited 100% sequence identity to the photoautotrophic red alga Cyanidioschyzon merolae within the order Cyanidiales (Matsuzaki et al., 2004) . The next most abundant OTU in RSW4 (16% of total sequences) exhibited 100% sequence identity 
| Dilution to extinction cultivation assays
| D ISCUSS I ON
In the present study, we used geochemical proxies (ratios of SO 2− 4 / Cl − and δD/δ 18 O in hot spring waters) to characterize the influence of subsurface and surface processes, specifically phase separation, on F I G U R E 6 Relative abundances of 16S (Archaea and Bacteria) and 18S (Eukarya) rRNA gene transcript OTUs (as represented by their closest cultivated relatives) as a function of distance along the outflow channels of RSE and RSW. OTUs are color coded according to the relative abundance of sequences within a taxonomic domain as denoted by the bar chart to the right of each panel. Representative OTUs were binned at the order level with orders that represent >5% of total sequences in a sampling location included. Gray bars represent no amplification and thus no sequences for that domain at a given sampling location. Relative abundances (%) for OTUs in each order within a taxonomic domain are also reported in Supporting information Table S9 [Colour figure can be viewed at wileyonlinelibrary.com] the geochemistry of a paired set of hot springs and how these geochemical differences, in turn, influence the activity and composition of chemoautotrophic hydrogenotrophs that inhabit these springs.
Based on a previous classification scheme [ ); (Truesdell et al., 1977) . In Yellowstone, interpretations indicate that the this subsurface process is multistage or intermediate between single stage and continuous models (Truesdell et al., 1977) , suggesting that phase separations are not typically complete.
Incomplete separation of phases in fluids in the subsurface of RSE and RSW could explain the detection of H 2 in RSW, albeit at 50% of the concentration in RSE, which should otherwise partition with the vapor phase in a continuous steam separation. Alternatively, H 2 could be produced biologically in the near subsurface of RSW through fermentative biologically mediated reactions. Like uncharged H 2 , boiling and separation of fluids into vapor and liquid phases would be expected to concentrate uncharged CH 4 in the vapor phase, which should lead to higher abundances of CH 4 in RSE when compared to RSW. However, dissolved CH 4 is 600% greater in concentration at RSW than RSE. The source of the CH 4 in RSW is not completely understood; however, it is possible that the CH 4 is biogenic in origin and could be produced in the shallow subsurface of RSW. Additional data (e.g., isotopes of CH 4 ) are needed to further assess the source of CH 4 in RSW. Nonetheless, observations like these reveal that while subsurface phase separation is a primary driver of geochemical differences in hot springs of YNP (Amenabar et al., 2015; Nordstrom et al., 2009; Truesdell et al., 1977) , nuances exist in the chemistry of individual springs that oftentimes require additional data (i.e., isotopes of CH 4 ) to deconvolute.
The presence of H 2 in both RSE and RSW indicates that these proximal springs provide an opportunity to evaluate the influence of geochemical variation, specifically differences in oxidant availability, on the ecology of chemo(auto)trophic organisms involved in H 2 metabolism. However, prior to conducting extensive experimentation on chemo(auto)trophic H 2 cycling within the selected microbial communities, it was necessary to confirm which of the sampling sites in RSE and RSW were chemotrophic as all of the sampling locations in RSW (RSW1-4) as well as RSE5 lie within pH, temperature, and sulfide space that allows for photoautotrophic life (Boyd et al., 2010 Cox et al., 2011 ) (Supporting information Figure S3 ). The exclusion of light from microcosms did not decrease rates of DIC assimilation in sediment communities sampled from RSW1-3, RSE1, or RSE3 when compared to those incubated in the light, indicating that DIC assimilation in these communities is not dependent on light (i.e., they are not phototrophic). This is consistent with a lack of detectable 16S/18S rRNA gene transcripts affiliated with known phototrophic lineages in sediments sampled from these sites (Figure 6 ). RSE2 and RSE4 also lacked 16S/18S rRNA gene transcripts affiliated with known phototrophs. However, DIC assimilation assays were not conducted at these sites, which precludes a definitive assessment of the potential for photoautotrophy in these environments.
Nevertheless, it is highly likely that photoautotrophic metabolism is absent in these two spring locations given that they are at a temperature that is close to or above those known to be tolerated by acidophilic phototrophs in hot springs [i.e., ~52°C (Boyd et al., 2010 Cox et al., 2011) ].
Despite RSW1-3 sampling locations harboring pH, temperature, and sulfide conditions that should allow for photosynthesis (Boyd et al., 2010 Cox et al., 2011 ) (Supporting information Figure S3 ), DIC assimilation assays and affiliations of 16S rRNA gene transcripts suggest they are not photoautotrophic. Acceptor  RSE1  RSE2  RSE3  RSE4  RSE5  RSW1  RSW3 O 2 2.6 × 10 A previous analysis of 442 hot spring samples from Yellowstone suggests that pH, temperature, and sulfide concentration differences among these locations can only explain ~67% of the variation in the distribution of photosynthesis in these environments . This indicates that other unaccounted factors likely constrain phototrophic DIC assimilation in these RSW spring locations. In contrast to RSE1 and RSE3 and RSW1-3, sediments sampled from RSW4 and RSE5 exhibited rates of DIC assimilation in microcosms incubated in the light that were two to three orders of magnitude greater than those incubated in the dark, indicating that photoautotrophic DIC assimilation was occurring at these sites (Figure 3 ). RSW4 and RSE5 microbial communities also exhibited large increases in 18S rRNA gene transcript numbers ( Figure 5 ), which is likely due to the much higher levels of productivity associated with phototrophic ecosystems (i.e., Figure 3 ) and the greater amount of biomass that this fixed carbon can support. As H 2 metabolism under chemotrophic conditions is the emphasis of this study, subsequent discussion focuses on the nonphototrophic sites RSW1-3 and RSE1-4. (Figure 4) . These rates are slightly higher than the rates of H 2 oxidation (1.5 nmoles H 2 min −1 gdm −1 ) measured previously in "Dragon Spring" (D'Imperio et al., 2008) , an acidic (pH ~3) and high-temperature (~70°C) sulfur-rich spring in the Norris
TA B L E 1
Geyser Basin of YNP. The variation in the rates of net H 2 oxidation measured in these studies may be attributable to methodological differences, in particular amendment with H 2 to a concentration of 100 ppm (60-65 nM in the dissolved phase depending on incubation temperature) in the present study. This contrasts with the F I G U R E 7 Schematic summarizing the influence of subsurface and surface processes on oxidant availability and use by hydrogenotrophic and autotrophic populations (graphs above cross section). Subsurface hydrothermal fluids recharged by meteoric water can boil during their ascent to the surface and can separate into a vapor phase and a liquid phase. In the case of the paired springs studied here, the vapor phase is thought to interact with meteoric, precipitation-derived fluid forming acidic springs such as RSE (pH 3.0). The liquid phase may also interact, albeit to a lesser extent, with meteoric water and may have slight vapor-phase input due to incomplete phase separation resulting in circumneutral springs such as RSW spring (pH 7.0). The acidic pH of RSE is likely the result of microbially catalyzed near-surface oxidation of sulfur that is enriched in the vapor phase by O 2 delivered by meteoric fluid ). Concentrations of SO 2− 4 in this deep reservoir are estimated to be 0.72 to 0.94 mM, similar to those measured in RSW (range from 0.67 to 0.72 mM). The source of NO − 3 in both springs is hypothesized to be from mixing with near-surface groundwater, as has been observed in other geothermal fields (Yeatts, 2006) . Increased infusion of atmospheric O 2 as fluids cool along the outflow channels of both springs can support hydrogenotrophic activity directly and indirectly through reactions involving production of S°, NO − 3 , and Fe
3+
. Note that sites in the RSE schematic progress from RSE1 to RSE5 to the right in the RSE schematic, while sites in the RSW schematic progress from RSW1 to RSW3 to the left [Colour figure can be viewed at wileyonlinelibrary.com] study at "Dragon Spring" where rates were measured in unamended microcosms supplied with source water. The concentration of H 2 in source waters associated with the sediments of "Dragon Spring" was ~13 nM (D'Imperio et al., 2008) , which is substantially lower than the 200 to 300 nM concentrations measured in RSE and RSW source waters. As net rates of H 2 oxidation were determined in closed systems in both studies, it is possible that rates of H 2 oxidation measured previously in "Dragon Spring" were low due to depletion of the low amount of native H 2 early during the microcosm incubation, whereas dissolved H 2 concentrations would remain at < ~60-65 nM (depending on incubation temperature) until the headspace H 2 had been consumed. (Wilson, Hinman, Cooper, & Brown, 2000) .
These observations are consistent with the presence of 16S rRNA gene transcripts along the outflow of RSE that are closely affiliated with the aerobic Fe 2+ oxidizing crenarchaeota Metallosphaera yellowstonensis strain MK1 (Sulfolobales) (Kozubal et al., 2011) .
Additionally, the amount of Fe 2+ decreased by 28.0% between RSE1
and RSE5. At pH 3.0, this decrease can be attributed to biological oxidation with O 2 given the slow abiotic Fe 2+ oxidation kinetics in waters with pH <4.0 (Edwards, Bond, Gihring, & Banfield, 2000; Edwards et al., 1999; Johnson & Hallberg, 2005 by 38.6%, although it is also likely that degassing plays a role in the decrease in sulfide (Figure 2d ; Supporting information Table S1 ).
Based on available models for the development of hot springs, the source of the sulfide in RSW is not clear as this spring is unlikely to be influenced to a significant extent by vapor-phase input, as delineated by SO 2− 4 /Cl − ratios (Supporting information Figure S1 ). One possible explanation is that sulfide is not fully volatilized during repeated episodes of near subsurface boiling, in particular, the fraction that is dissolved as bisulfide [pKa for H 2 S/HS − is 6.4 at 100°C (Amend & Shock, 2001) ]. This interpretation is consistent with the multistage steam separation model previously invoked for the majority of Yellowstone hot springs (Truesdell et al., 1977) . Alternatively, it is possible that the sulfide in RSW source waters is due to microbial SO Based on sequencing of transcripts of 16S rRNA genes from sediments and physiological inferences, populations putatively involved in H 2 oxidation in RSW include OTUs related to Thermoflexus hugenholtzii and Thermofilum sp. 1807-2 (members of the orders Thermoflexales and Thermoproteales, respectively) (Dodsworth et al., 2014; Huber, Huber, & Stetter, 2006) . Thermoflexus hugenholtzii is a facultative anaerobe and its genome encodes for at least one [NiFe]-hydrogenase, which is classified as a Group 3c enzyme . Group 3c enzymes are involved in H 2 oxidation and are typically found in methanogens (Kaster, Moll, Parey, & Thauer, 2011) and some SO 2− 4 reducers . It is unclear whether T. hugenholtzii can reduce SO 2− 4 as its characterization did not include an examination of SO 2− 4 as a potential electron acceptor. That said, genes for the SO 2− 4 dissimilatory reduction pathway were not detected in the genome of T. hugenholtzii (Dodsworth et al., 2014) . Nonetheless, it is still possible that the organism affiliated with T. hugenholtzii can respire SO 2− 4 given that the 16S rRNA gene transcripts obtained from RSW were only 91% identical to T. hugenholtzii. Additionally, given that there is currently only one cultivated representative from this order (Dodsworth et al., 2014) , known physiological diversity within this order may be limited. Thermofilum spp. are anaerobes and the genome of strain 1807-2, which is the genome of the most closely related Thermofilum strain to the sequences obtained from RSW, encodes for a [NiFe]-hydrogenase classified as a Group 1 g enzyme Figure 6 . However, cultivars most closely related to a Sulfurihydrogenibium species and to a Thermodesulfobacterium species were enriched for in the cultivation assays with NO − 3 for RSW3 and in the cultivation assay with SO 2− 4 for RSW1, respectively, and these could also potentially contribute to H 2 oxidation at these sites (Supporting information Table S8 ). Additionally, a recent study indicates that thermophilic methanotrophs can oxidize H 2 (Carere et al., 2017) . However, 16S rRNA sequences affiliated with putative methanotrophs were not detected at significant abundances in any community in situ at RSE or RSW (>0.01% of the total community at each site, Figure 6 ), suggesting these organisms are unlikely to represent a major hydrogen sink for H 2 .
Net H 2 production (biological controls minus killed controls) was measured in microcosms containing sediments from RSE1 and RSE5. Hydrogen production measured at RSE5 is potentially due to fermentation during periods of anoxia, possibly mediated by [FeFe] hydrogenase enzymes present in eukaryotic algal phototrophs (abundant at site RSE5 at 77% of eukaryotic reads) .
However, H 2 cycling and the net H 2 production measured at RSE1 would not be influenced by phototrophs as this is above the temperature limit for phototrophic organisms. It is possible that some H 2 oxidation may be occurring at RSE1 given the detection of cells capable of H 2 oxidation under chemoautotrophic conditions (Table 1 ). As these rates were determined using a closed system microcosm assay, it is possible that oxidants capable of driving H 2 oxidation (e.g., O 2 or Fe 3+ ) became limiting during the 1-hr incubation period (i.e., a bottle effect), thereby shifting the local conditions of the experiment toward one that favors anaerobic or fermentative metabolism. The dominant archaeal 16S rRNA gene transcript in RSE1 was affiliated with the facultative anaerobe Metallosphaera sp. MK1, and this strain has been shown to catalyze the O 2 -dependent oxidation of Fe 2+ (Kozubal et al., 2012) . A net decrease in the concentration of Fe 2+ (4 μM difference)
was observed between sites RSE1 and RSE2, and this is attributable to biology since Fe 2+ reacts extremely slowly in aqueous solutions with pH <4.0 (Edwards et al., 1999 (Edwards et al., , 2000 Johnson & Hallberg, 2005 (Bernstein, Beam, Kozubal, Carlson, & Inskeep, 2013 and an abundant OTU distantly affiliated (82%) with Thermofilum sp.
1807-2 (Thermoproteales) were identified in RSE1 sediments, although the potential for these OTUs to conduct anaerobic respiration or fermentation is qualified by the low % identities of OTUs to these species.
Members of both of these orders are capable of fermentative metabolism (Huber & Stetter, 2015a,b) , and members of the Desulfurococcales order are known to fermentatively produce H 2 (Anderson et al., 2009) .
Further evidence that the RSE1 community has very few cells capable of autotrophic growth with H 2 comes from the dilution to extinction assays where the number of cells capable of oxidizing H 2 was 3 to 4 orders of magnitude lower than in other sample locations in RSE.
Intriguingly, the most abundant hydrogenotroph identified in RSE1, either determined by serial dilution enrichment assays amended with Fe 3+ or O 2 (Supporting information Table S7 ) or as inferred from 16S rRNA gene transcript sequences (Figure 6 ), was affiliated with Metallosphaera sp. MK1. As outlined above and in previous studies (Kozubal et al., 2008 (Kozubal et al., , 2011 , this strain is generally associated with aerobic Fe 2+ oxidation and formation of Fe
oxide solid phases in acidic hot spring environments. However, the genome of MK1 encodes for three [NiFe]-hydrogenases that are putatively involved in H 2 oxidation [i.e., Groups 1h, 2d, and 2e ]. Group 1h and 2e enzymes are proposed to function in the oxidation of H 2 during aerobic respiration (Schafer, Friedrich, & Lenz, 2013; Sondergaard, Pedersen, & Greening, 2016) , whereas Group 2d enzymes have been suggested to provide additional reductant for carbon fixation (Brugna-Guiral et al., 2003) . The previous characterization of strain MK1 apparently did not examine whether H 2 could support or augment autotrophic growth with O 2 or Fe 3+ as oxidants (Kozubal et al., 2008 (Kozubal et al., , 2011 (Shock et al., 2010) . That a strain such as MK1 can both oxidize and reduce Fe would not be unprecedented among members of the Sulfolobales, as these activities have been previously demonstrated in a strain (MK5) isolated from acidic hot springs in YNP (Kozubal et al., 2012) .
| CON CLUS IONS
As summarized in Figure 7 , variations in the availability of oxidants influence the abundance and composition of hydrogenotrophic populations. This was found to be particularly true for hydrogenotrophs capable of reducing Fe
3+
, which results from near-surface O 2 -dependent oxidation of Fe 2+ that is enriched in springs that are supplied by vapor-phase input relative to those that are not supplied by this input ). This observation, when combined with data indicating that the predominant hydrogenotrophs in RSE and RSW differ at the domain level taxonomic rank, is consistent with phylogenetic data that indicates a prominent role for oxidant availability in the diversification of hydrogentrophs at the level of the [NiFe]-hydrogenase enzymes that catalyze H 2 oxidation (Boyd et al., 2014; Greening et al., 2016) . Further work is needed to identify the hydrogenase genes encoded in the genomes of hydrogenotrophic taxa in RSE and RSW and to assess conditions that favor their transcription in the natural environment.
As surface processes (e.g., atmospheric gas infusion of O 2 ) are would not be present in these springs and would therefore be unavailable to biology without O 2 to oxidize subsurface sourced Fe 2+ and sulfide, respectively Kozubal et al., 2012) . We therefore conclude that this study demonstrates the importance of subsurface geological processes and their interaction with surface processes in shaping the ecology, physiology, and evolution of hydrogenotrophic organisms in hydrothermal ecosystems by controlling complex hot spring geochemistry and oxidant availability.
In addition to variation in oxidants used to support H 2 metabolism, the RSE microbial community is dominated by Archaea, whereas the RSW community is dominated by Bacteria. The combination of acidic pH and elevated temperature in RSE, which tends to select against Bacteria Valentine, 2007) , is likely to explain this marked difference in community composition. The predominant processes that control the geochemistry and therefore the pH of hot springs take place in the subsurface, indicating that such processes had and continue to have a profound influence on the distribution and, by extension, the diversification of microbial life at the highest taxonomic ranks.
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